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INTRODUCTION
Marginal marine ecosystems today are seriously affected by global 
warming (e.g. Stachowicz et al., 2002; Smith, 2010), the first signs 
of ensuing ocean acidification (e.g. Cigliano et al., 2010; Thomsen 
et al., 2010; Haynert et al., 2011), the tremendous growth of 
mega-cities and the accompanying rise of industrial production in 
developing countries. The ongoing or foreseeable ecosystem dete-
rioration requires effective governmental measures in order to 
achieve and maintain a healthy environmental status to facilitate a 
sustainable supply of fish, aqua-cultural and medical products for 
the local and regional population. Protective measures need a con-
comitant monitoring in order to assess the current status of marine 
environments. Monitoring programmes conventionally use the 
abundance and physical condition of certain organisms indicating 
pollution or human impact, or they use functional groups, diversity 
and other biotic indices (e.g. Borja & Dauer, 2008; Josefson et al., 
2009). Marine environmental monitoring has traditionally relied 
on macro-organisms. However, a growing number of studies have 
demonstrated that benthic foraminifera are also suitable for envi-
ronmental monitoring because of their high degree of adaptation, 
species richness and population densities, which regularly exceed 
those of higher metazoans by orders of magnitude in near-coastal 
waters and beyond (Watkins, 1961; Schafer, 1973; Ellison et al., 
1986; Sharifi et al., 1991; Alve, 1991; Alve & Olsgardt, 1999; 
Yanko et al., 1998; Tomas et al., 2000; Debenay et al., 2001; 
Caruso et al., 2011). None the less, foraminifera are rarely used 
for monitoring purposes because there is no general agreement 
about which methods are to be applied.
Early studies of Recent foraminifera focused on species inven-
tory and distribution. The majority of modern investigations are 
aimed at improving the understanding of benthic foraminiferal 
ecology in general or constraining the influence of specific envi-
ronmental parameters. Under these objectives, it is necessary to 
assess the foraminiferal fauna living at the time of sampling, 
because the species composition is determined by biotic and abiotic 
factors that characterize their immediate environment (Murray, 
2001; 2006). The dead assemblages may significantly differ from 
the living fauna in abundance and species composition due to dif-
ferent production rates of individual species, taphonomic loss of 
those tests, which are more susceptible to degradation and dissolu-
tion, and due to re-deposition (e.g. Murray, 1982). Dead assem-
blages were built up over many generations and closely resemble 
fossil assemblages from the sedimentary record. As such, dead 
assemblages or assemblages reduced by non-fossilized species have 
often been considered as calibration data for palaeoreconstructions 
(e.g. Lutze et al., 1986; Schönfeld, 2002a; Hayward et al., 2011).
Studies of Recent benthic foraminifera provide us with a valua-
ble and permanently growing background dataset on the ecology 
and distribution of living species (Murray, 2006, and supple-
mentary online material), which can be used both as a regional ref-
erence for environmental monitoring and the calibration of 
foraminiferal proxies in palaeoceanography and palaeobathymetry. 
A few regional compilations have been attempted in order to com-
pile the faunal inventory for certain areas (Atlantic N. America – 
Culver & Buzas, 1980; New Zealand – Hayward et al., 1999; Gulf 
of Mexico – Sen Gupta & Smith, 2010). Apart from taxonomic 
inconsistencies, these and other approaches are largely hampered 
by the fact that most of the data from the considered studies were 
created by using different field and laboratory methods (e.g. 
Schönfeld, 2006, p. 357). The methods were often not clearly 
reported so that adaptive algorithms could not be developed to inte-
grate the faunal information from different sources. Furthermore, it 
is not clear, to date, how the choice of methods for a benthic 
foraminiferal study would affect the accuracy of the results.
There are only a few studies where two or more different 
methodologies were compared directly. One aspect of these com-
parisons is the effect of different sieve mesh sizes on the faunal 
composition and structure (Schröder et al., 1987; Van Marle, 
1988; Timm, 1992). Another subject is staining techniques facili-
tating the recognition of foraminiferal specimens that were living 
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at the time of sampling (Walker et al., 1974; Bernhard, 1988; 
2000; de Nooijer, 2007). These studies highlighted the differences 
between the methods rather than making persuasive recommenda-
tions that were generally followed in most subsequent investiga-
tions. Instead, there are scattered notes in many papers that similar 
comparisons were made, and that the methods for the particular 
study were chosen or adapted accordingly, but these tests were 
not sufficiently documented. Whether the experiences were com-
municated among different groups or whether the tests were 
repeated independently is not clear. The acceptance, utility and 
development of the methods can be revealed only if they are 
tracked through the literature.
The influence of sampling techniques and sea-going devices is 
scarcely ever noted (e.g. Smith & Howard, 1972). However, there 
are techniques and protocols readily available which have evolved 
from long-standing experience. According to personal experience, 
they were not communicated, not even within a working group. 
Instead, they were kept as strategic knowledge, probably because 
of the consequences for the success of research cruises. The tradi-
tion of this knowledge was, therefore, confined to a very few 
cruise participants. The advantages and limitations of sampling 
methods can be constrained only if scattered information from 
cruise reports is combined with a functionality description of the 
devices. Then, the reasons for many effects may emerge.
The aim of the present paper is to review in a historical per-
spective both field and laboratory methods that have been used in 
Recent benthic foraminiferal studies. Emphasis is given on when 
and how they have been introduced and why they were applied. 
Consequences for subsequent faunal and data analyses are high-
lighted. Recommendations are not intended here although they are 
self-explanatory in places.
INFORMATION SOURCES
The present study relies on a considerable collection of offprints 
and authorized copies of papers on Recent benthic foraminiferal 
studies, as well as on PhD and unpublished Diploma and Master 
theses. The papers are supplemented by hundreds of digital PDF 
documents of recent papers from online resources.
In order to create robust figures on the use of particular 
methods, a compilation has been made from all papers on Recent 
benthic foraminifera published from 2008 to 2010 in the Journal 
of Foraminiferal Research, Journal of Micropalaeontology and 
Marine Micropaleontology. A similar compilation has been made 
for the publication years 1978 to 1980 in the Journal of 
Foraminiferal Research and Marine Micropaleontology to describe 
the use and documentation of methods 30 years ago. The Journal 
of Micropalaeontology was not yet established at that time.
The information on sampling methods and sea-going devices is 
based on personal experience that has been gained on twelve 
research cruises since 1991 and many excursions to salt marshes 
and tidal flats in western Europe. Primarily, technical knowledge 
has been collected during more than 25 years of affiliation with 
institutes pursuing Marine Science at Kiel, Hannover and Bremen, 
Germany.
SURVEY CONCEPTS AND SAMPLING SCHEMES
Early micropalaeontologists working on the fossil record col-
lected their samples on individual journeys to certain locations 
(e.g. d’Orbigny, 1839). Other microfossil workers relied on sam-
ples that were sent from colleagues participating on various expe-
ditions (e.g. Goës, 1894). Systematic studies on distributions of 
Recent foraminifera were mostly conducted as an add-on to bio-
logical or geological investigations during sea-going expeditions. 
Early examples are Egger (1893), Heron-Allen & Earland (1913) 
and H. B. Brady (1884). The tradition continued through Parker 
(1958) describing benthic foraminifera from samples collected 
during the Swedish Deep Sea Expedition, samples from the 
Netherlands‘ Orinoco Shelf Expedition (Drooger & Kaasschieter, 
1958), the annual R/V Polarstern route from Cape Town to the 
Georg-von-Neumeier Antarctic Station (Mackensen et al., 1993) 
and personal investigations off southern Portugal (Schönfeld, 
1997). The common conditions of such add-on studies are that the 
participating micropalaeontologists or persons in charge had only 
limited planning influence on the location of samples, their total 
number and, in particular during deep-sea expeditions, the choice 
of sampling device. Sample sharing was and still is usual, it is 
deemed to be appropriate and cost effective and this procedure 
has often conferred other limitations concerning sample size, sieve 
size or method of preservation.
In the early days, sampling was not done in such a systematic 
way with extensive areal coverage that would be appropriate for a 
modern environmental survey. There are established concepts 
from vegetation surveys or near-shore biological investigations 
(Braun-Blanquet, 1964; Davies et al., 2001; Rachowicz et al., 
2006). These schemes have been thoroughly tested (e.g. Thompson 
& Seber, 1996) and widely applied, but they were mostly not fol-
lowed with respect to foraminiferal studies. Once fieldwork or 
part of a cruise was dedicated to a Recent foraminiferal survey, 
sampling was performed mostly along transects that were placed 
perpendicular to the governing or supposed environmental gradi-
ents. They were mostly transects versus depth crossing the shelf 
and continental margin (e.g. Lutze, 1980; Van Marle, 1988), along 
an estuary (e.g. Phleger & Lankford, 1978; Wang, 1983; Diz & 
Francés, 2008) or from the high salt marsh to a tidal channel 
(Scott & Medioli, 1980; Horton, 1999; Gehrels & Newman, 2004; 
Berkeley et al., 2009). This strategy was deemed a compromise to 
capture a maximum of environmental variability with only those 
samples that were essential to depict the assemblage structures. 
Transects were combined and gaps were filled on subsequent 
cruises, as defined by the data structures from previous surveys. 
This evolving information density created a rather irregular pattern 
and the reasoning was not always obvious from the final sample 
distribution (e.g. Jorissen, 1988; Nikulina et al., 2008). Another 
strategy was to work up a regular sample grid that was defined in 
advance of the survey. This strategy was applied mostly in lagoons 
or embayments (e.g. Lynts, 1962; Lutze, 1968; Otvos, 1978). A 
third concept, the ‘Hausgarten’, is characterized by fixed stations 
in a well-defined area, for instance Bokniseck in the Baltic Sea 
(Lutze, 1965; 1974; Schönfeld & Numberger, 2007), Plateau des 
Landes in the Bay of Biscay (Fontanier et al., 2002; 2003; 
Langezaal et al., 2006; Barras et al., 2010) or Sagami Bay, Japan 
(Kitazato et al., 2009 and references therein). These locations 
were revisited from time to time. Adjoining investigations of the 
hydrography, plankton or benthos biology provided a comprehen-
sive background dataset for ecological interpretations. However, 
an appropriate sampling scheme has to be established for repeti-
tive sampling in a small area as each sampling event will disturb 
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the environment. Full recovery of the fauna may take months and 
this might affect the number of living individuals in the sample 
from the following event.
HANDHELD SAMPLING
Sediment surfaces
Different strategies were applied for sampling in salt marshes, 
tidal ponds and lagoons or at the beach. They were poorly docu-
mented in literature (except, for example, Boltovskoy & Wright, 
1976; Murray & Alve, 2000) and it is not clear how they have 
been developed. Spatulas, shuffles, spoons and small dredges have 
been used, and the samples placed in simple bags, all kinds of 
plastic vials or even recycled glassware. These were bulk samples 
and did not consider any depth distribution of foraminifera in the 
sediment or the intention to approach a certain sample volume. 
They also included the possibility that part of the material was 
lost. Other sampling techniques involve cut-off syringes, tubes or 
stainless steel cylinders (e.g. Scott & Medioli, 1980). The tubes 
may capture supernatant water, and they provide a certain stand-
ardization, either in volume of the entire sample with depth, or 
with reference to the surface area. The third concept was to apply 
rings or frames with a given surface area and sample thickness 
that was already defined with deployment. These frames required 
an active decision after a visual impression of where the sample 
was to be taken in relation to micro-topography, structures or sup-
posed surface preservation. The content of the frame was spooned 
out or the sampler and sample were lifted out after being detached 
by pushing a blade or Japanese spatula beneath. A fourth and 
rarely used method was contact coring (Honeywill et al., 2002). 
The unstable viscous surface layer is frozen with a pan and liquid 
nitrogen. The sample is then scraped off the bottom of the pan 
and collected in a plastic vial. The surface area is quite well 
defined, but the sampling depth depends on the freezing duration.
Elevated substrates
Different sampling procedures and data acquisition schemes were 
applied for studies of phytal foraminifera or species recruiting 
other elevated substrates. Seagrass leaves, stems or clumps of 
macroalgae were extracted by hand or cut off with a knife or scis-
sors when diving or wading in shallow waters (e.g. Langer, 1993; 
Wilson, 1998; Debenay & Payri, 2010). Distance to the shore, 
water depth and plant communities were noted (e.g. Wilson, 
2008). Some studies considered all plants growing on an area of 
25 cm2, 64 cm2 or 100 cm2 (Fujita & Hallock, 1999; Semeniuk, 
2000), others took their samples randomly. The lengths, widths or 
diameter of branches or stems were noted. This allowed calcula-
tion of population densities of attached foraminifera in relation to 
the immediate surface area of their substrate. The seaweeds or 
algae were kept in plastic bags with ambient seawater or they 
were immediately frozen or dried for long-term preservation. 
Elevated substrates, such as pebbles, coral fragments, shell debris, 
sponges and hydrozoans, were either collected by scuba divers or 
they were retrieved by grabs or box cores, as described below 
(Oschmann, 1990; Hohenegger et al., 1999; Schönfeld et al., 
2011). The substrates were carefully removed from the surface 
sediment with a pair of tweezers or a knife and placed into plastic 
vials for preservation with methanol or ethanol, or they were put 
in plastic bags and boxes with ambient seawater for immediate 
processing. The height of attached foraminifera above the sea 
floor was inferred at a level below where traces of sediment were 
still sticking to the object. The horizontal dimensions of the ele-
vated objects were also recorded (Baker et al., 2009). This 
allowed a calculation of population densities as referred to the 
area where the substrate covered the sea floor (Schönfeld, 2002b). 
One of the major problems with sampling phytal or epibenthic 
foraminifera is that they tend to drop off their substrate during 
transport and handling. According to personal experience, this 
may affect up to a fourth of all attached specimens from a partic-
ular object and certain species are more susceptible to detachment 
than others. As such, sample vials or bags have to be screened 
thoroughly for lost specimens after sample processing.
REMOTELY OPERATED DEVICES
Remotely operated sampling devices are dredges, corers or grab 
samplers that are deployed from small and large vessels, plat-
forms, bridges or piers. Up to a weight of 20–30 kg and to a 
water depth of approximately 40–50 m they can be operated by 
hand, according to my experience. At greater depths, one cannot 
feel with certainty when the device touches the sea floor. A winch 
with rope tension indicator is then required.
Sediment corers
Corers are the most commonly used devices. They were initially 
developed from the lead weights used for soundings that were 
invented by Greek seafarers in the sixth century BC (Oleson, 
2000). The weights have a little hole at the bottom, the tallow 
cup, filled with grease revealing the composition and stability of 
some recovered sediment sticking to it. This information was 
needed primarily to determine a sea floor suitable for anchorage. 
The sediment texture and composition was noted in the logs and 
is often documented in nautical charts. Even some recent elec-
tronic charts still contain this information. Since the middle of the 
nineteenth century, a small tube has been attached to the weight 
to obtain more material, for instance Brooke’s 1853 sounding 
apparatus. The concept has prevailed until today in the Vax corer 
that is mainly used by volcanologists. Bottom samples from the 
HMS Challenger expedition were taken with an, at that time 
advanced, Baillie Sounder, which was the first genuine gravity 
corer (Tanner, 1897). As the coring tubes became longer and the 
weights became heavier, core catchers were invented to prevent 
the core slipping out. Triggering devices and valves steering the 
water flow through while penetrating the sediment and hold-on 
recovery were also developed. The basic principles were estab-
lished in the 1950s to 1970s. For a detailed description of various 
sediment coring devices, their technologies and constraints, see 
Mudroch & MacKnight (1994) and Scott et al. (2004).
There are two aspects of major importance: (1) the preservation 
of the near-surface sediment and ways to improve this; and (2) the 
term ‘core-top sample’. It is a given fact that the coring process of 
conventional gravity or piston corers includes rough handling and 
fast penetration (usually more than 50 cm per second). A small 
bow wave of water stirs up and flushes away the delicate fluffy 
surface layer of fine-grained sediment immediately before the nose 
cone of the corer touches the sea floor (McIntyre, 1971). 
Furthermore, the core catcher is an obstruction for semi-liquid near-
surface sediments and its resistance diminishes with penetration 
depth. This is not a major problem when the near-surface sediment 
is stabilized by sand-rich layers or biodetritus. In soft sediments, 
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however, the uppermost part of a sediment core may have the 
shape of an elongated sugar cone lying loosely on one side of the 
liner. Suspension or crumbs of near-surface sediment may fall in 
the remaining void during core recovery. One may recognize this as 
yellowish veneer on the inside of the liner after the core has been 
opened. Stabilization of the loose top with a plug of rubber, cork or 
elastic foam has often been undertaken, though it may induce a 
slight compression of the uppermost strata and this significantly 
reduces the calculated late Holocene sedimentation rates.
When the liner with the sediment core is cut into 1 m or 1.5 m 
long segments, the core in the uppermost segment is pushed a lit-
tle bit up and a ‘core-top sample’ of a few millimetres up to 1 cm 
thickness is regularly scraped off and kept in a separate vial or 
plastic bag. Overlying water with its suspended material from the 
uppermost part is also commonly added to the core-top sample. 
This blend is at the disposal of all cruise participants and it is 
immediately subdivided among them to be used as a surface sedi-
ment reference for the respective coring station. Extensive surface 
distribution maps were created from these core-top samples 
(Lohmann, 1978; Bremer & Lohmann, 1982). In particular in the 
Southern Ocean or central Pacific, core-top samples were the only 
possibility of obtaining any kind of near-surface sediment. 
However, radiocarbon dating indicates that core-top samples may 
include microfossils with an average age of several thousand 
years (e.g. Dowsett et al., 2003; Regenberg et al., 2009). Off 
southern Portugal, the living benthic foraminiferal assemblage 
from a core-top sample retrieved with a small gravity corer and 
plastic core catcher corresponded to a level of 1–3 cm below sedi-
ment surface (Schönfeld, 1997; 2001).
The Phleger corer, Rumohr corer, minicorer or multicorer were 
especially designed to take surface samples without the distortion 
by a core catcher (Phleger, 1951; Meischner & Rumohr, 1974; 
Barnett et al., 1984; Kuhn & Dunker, 1994). A single tube or an 
array of 4–12 plastic tubes (multicorer) is gently pushed into the 
surface sediment and short cores with supernatant water are 
recovered (Fig. 1). Once the corer is back on deck and the tube 
with the core is dismounted from the array, the base is secured 
with a plug. The core is temporarily stored in a rack or simply 
lashed to a post or laboratory furniture. Multicorer tubes have to 
be handled with extreme care, but one often sees that the tubes 
are not kept sufficiently stable by nervous or excited staff. Water 
movements stir up surface sediment, the core may get loose and 
little crumbs of surface sediment fall into the opening void 
between the sediment core and the plastic tube. For sampling, the 
multicorer tube is lifted on a post with a piston fitting to the inner 
diameter of the multicorer tube (Murray, 2006, p. 10). The super-
natant water is drained off through a hose, and the core is pushed 
up through the tube until the surface appears at the upper end. It 
is pushed further upward in increments of 3–20 mm, the respec-
tive slices are held with a shorter tube segment, cut off with a 
spatula and are usually stored in vials, petri dishes or plastic bags. 
This procedure of ‘multicorer slicing’ commonly follows a fixed 
scheme, which may be individual among different institutions. 
The scheme is defined at home or agreed upon in advance. The 
slice thicknesses are thus only seldom adapted according to differ-
ent findings.
A difficulty which is rarely tackled is how to precisely define 
the zero level of the sediment surface. The surface is often rough, 
crumbly and tilted in most cases. Some workers assign zero to the 
upper end, others to the middle and some to the lower end of the 
slope. A surface sediment sample of such a tube may comprise 
strata of up to more than double the thickness that was initially 
intended. The subsequent slicing transposes this uncertainty fur-
ther downwards. Pushing the core upwards through the tube may 
also displace some material to lower depths. Depth distributions 
of living foraminifera in the sediment may then become disturbed 
and include unexpected depth ranges of shallow-living taxa (C. 
Fontanier, Angers, pers. comm. 2008). It is often assumed that all 
cores from the array represent the same succession. However, 
from the lack of continuity it cannot be verified that surface and 
subsurface strata are continuous between the cores as they are 
studied in a horizontal sense and not vertically as other cores or 
outcrop sections. Differences in microfossil contents of surface 
samples from different tubes of one deployment were often attrib-
uted to patchiness (Barras et al., 2010), although this has been 
proven by independent evidence or corroborated by seabed images 
in only a very few cases to date (Heinz et al., 2005; Erbacher & 
Nelskamp, 2006). Video images from telemetry cameras indicate 
that multicorer penetration is very slow and usually not continu-
ous. Sudden bumps stir up huge clouds of suspension material 
which may invade the tubes that are still open at the top. It is 
conceivable that this may blur lateral patchiness. None the less, 
the multicorer, Rumohr corer, minicorer or similar devices are 
widely accepted as being the most reliable method to take 
foraminiferal samples (Blomqvist, 1991; Bett et al., 1994).
Grab samplers
Grabs were invented by coastal engineers and sedimentologists. 
There are various types of two-jaw samplers, such as Petersen, 
Ponar, Murray or Van Veen grabs (Petersen, 1911; Van Veen, 
Fig. 1. Sampling devices and preparation utensils used in Recent benthic 
foraminiferals studies: (a) Van Veen grab (width of jaws in open  
position is 17 cm); (b) Reineck box corer (width of frame is 100 cm);  
(c) multicorer at sea on sample recovery (photo: Thorsten Garlichs,  
Kiel; height of device is 415 cm); (d) microsplitter and Plummer cell 
slide (length of slide is 7.5 cm).
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1936; Murray & Murray, 1987). Their basic design resembles a 
cable dredge from the early days used in earthworks. They 
descend to the sea floor open in a locked position, the jaws are 
released on bottom contact and closed when the device is hoisted 
again. The most commonly used Van Veen grab was designed to 
take bulk samples of technical quality and volume (Fig. 1). It was 
not intended to accurately maintain the integrity of the near-sur-
face sediments. Video images taken by divers showed that, 
indeed, some near-surface sediment might fall out between the 
jaws when the grab closes. Once a pebble or shell obstructs clo-
sure, a part of the sample is washed out. This may be seen as a 
faint trace of sand on deck when the grab is moved from the 
winch to the workplace. However, whether some material has 
been washed away is not always recognizable from the visual 
inspection of the sample surface. Small Van Veen grabs are sim-
ply emptied in a bucket so that any sedimentary structures are dis-
torted. Such samples are certainly inappropriate for surveys on 
Recent foraminiferal assemblages. Other grabs have lids on top of 
the jaws that can be opened to facilitate both description and sam-
pling of the sediment surface. The Van Veen grab has often been 
criticized for only scraping the surface and collecting an unde-
fined portion of the underlying strata. However, an appropriate 
design and precise manufacturing can improve the sample authen-
ticity significantly (Riddle, 1989).
The main advantage of grabs is, however, that it is at least pos-
sible to get samples from sands, pebbles or veneers of lag sediments 
where a multicorer fails. In high-energy environments, foraminifera 
often prefer to live attached to stable objects, or they are very rare 
because of the frequent sediment re-deposition (Schönfeld, 2002a, 
b). These patterns may be revealed by grab sampling only. It has to 
be noted, however, that approximately every other deployment fails 
and the grab returns empty in such environments. This may also be 
a problem of navigation, of keeping the vessel stable when currents 
are strong or high waves prevail.
The Shipek Grab involves a different technology (Shipek, 
1965). This grab has a top half-cylinder barrel with a second half-
cylindrical shovel that is activated by a spring mechanism. When 
the grab touches the seabed, the second cylinder rotates by 180° 
through the sediment, cuts off the sample and closes with the 
upper half-cylinder barrel. The sample is accessible for descrip-
tion and subsampling when the second cylinder is dismounted 
from the upper assembly. The high-torque spring mechanism may 
cut through pebbly and shell sands. Objects of 3 cm in size are 
pushed away and do not obstruct the closure. Epizoans in life 
position on larger objects prove that the texture and orientation of 
the surface sediment is mostly intact on retrieval (Janßen, 2011). 
Shipek grabs are not easy to arm and the self-release mechanism 
with high torque forces makes it dangerous to the operator in 
rough seas.
Box corers
Box coring devices include the Reineck, Soutar and USNEL giant 
box corer, as well as the Birge–Ekman and Smith–McIntyre grab 
sampler (Smith & McIntyre, 1954; Reineck, 1958; Bouma & 
Marshall, 1964; Soutar et al., 1981). They provide a bridging tech-
nology between genuine grab samplers and coring devices. Box 
corers were designed to retrieve both a well-preserved sediment 
surface and a short core from coarse- or fine-grained near-surface 
sediments. The core is rectangular and allows the three-dimensional 
description of biogenic and sedimentary textures. The surface 
allows the recognition of traces or sedimentary structures that can 
be compared with the corresponding subsurface features. The 
examination of box cores is, therefore, a valuable approach in 
facies analysis. However, the dimensions of the core limit the 
scope of the recognized features. For instance, the Reineck box 
corer usually has a size of 20 × 25 cm, the Soutar box corer 30 × 
30 cm, a Birge–Ekman grab 13 × 13 cm and the USNEL giant 
box corer has a surface area of 50 × 50 cm. The penetration is 
usually not deeper than the maximum width of the box. Any larger 
sedimentary structures are not captured.
The box corer consists of a frame, which stands on the seabed, 
a coring unit that is centred in the frame and two spring-loaded 
jaws or a spade that is pushed under the core immediately before 
the corer is drawn back to the surface again (Fig. 1). The spade or 
jaws hold the core during recovery. Flaps on top of the corer are 
open during descent to let the water flow freely through the box 
during penetration. The flaps are closed on recovery. The coring 
process itself and subsequent recovery involve some complica-
tions, which may affect the quality of the sample (Wigley, 1967). 
The first is the moment when the device touches the seabed. The 
frame touches the sediment first and may stir up a cloud of sedi-
ment, in particular when the ship’s movements are felt at depth. 
A box corer dredging or jumping on the seabed has less penetration, 
retrieves inclined sediment surfaces, and often the spade does not 
hold the core accurately so that some sediment is washed out. The 
spade may also be obstructed by a pebble or shell, which induces 
the same effects as with grab samplers. The other delicate moment 
is when the box corer is hoisted through the sea surface and is 
placed on deck. Once the box is raised above water level, a large 
quantity of supernatant water on top of the sample puts it under 
pressure and may flush it out through the slit between the box and 
spade. Mostly, the spade has a rubber seal keeping the box tight 
under rope tension. Once the tension is released when the box 
corer is set on deck, the near-surface sediment may be washed out 
within seconds. It is a necessary – though difficult – task to draw 
off most of the supernatant water with a hose while the sampler is 
hanging on the line and before it is set on deck. The ship’s move-
ments during these minutes may induce a wave in the box, which 
may wash the sediment surface, stir up and displace some surface 
sediment. This affects little puddles in depressions, in particular. 
It is an urgent and delicate matter to remove all water from the 
sediment surface to keep it stable and to quickly drain the puddles 
with syringes. These operations have often been criticized, as it is 
not clear whether and how much material in suspension is lost 
during draining the box corer. Effluent material may be captured 
if the water from the hose is rinsed through a sieve. Such samples 
collected from supernatant water usually contain some planktonic 
foraminifera or pteropod shells, but seldom benthic foraminifers 
that were living at the time of sampling. The sediment surface 
recovered by box cores is seemingly well preserved. Parallel sam-
pling with box corer and multicorer has revealed a consistent pat-
tern of generally higher meiofaunal densities in surface samples 
from multicorer deployments as compared to those from box 
cores (Bett et al., 1994). Surprisingly, the population densities of 
benthic foraminifera were higher in samples from box core sur-
faces than in multicorer samples with the same thickness 
(Shirayama & Fukushima, 1995; Schönfeld, 2001). The number of 
observations is too low, however, for a robust statistical treatment 
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corroborating the significance and possibly elucidating the back-
ground reasons for these observations.
Subsampling of box core surfaces for foraminiferal studies is 
performed in similar ways as hand held sampling on tidal flats. 
Small push cores are used for subsequent slicing to sample deeper 
levels for foraminiferal microhabitat studies. Rings or frames with 
a defined area and height are used to collect a standardized surface 
area and volume. In any case, an active decision has to be made 
where the sample is to be taken from the box core surface. There 
are two different strategies. In the first, a representative coverage 
of different micro-topographies or surface sediment textures is 
attempted. This can be done by taking separate samples from each 
unit and analysing them separately. This strategy is based on the 
assumption that the different micro-topographic units house a dif-
ferent microfauna. However, such samples are considered pseudo-
replicates as they do not increase the degrees of freedom available 
for statistical testing (Hurlbert, 1984). The other strategy is to 
place the frame into a transition zone representing the different 
supposed microenvironments with the same proportions as on the 
whole box-core surface, or to pool samples of respective volumes 
taken from different places on the surface. This strategy increases 
the sample size in general and gives the opportunity of recording a 
higher diversity through the higher probability of capturing rare 
taxa (Dennison & Hay, 1967; Douglas et al., 1978). It also bears 
the underlying assumption that the box corer is an accidental sub-
sample of the sea floor, which therefore is considered as being 
representative of a wider area in the scale of hundreds of metres. 
Any significant replicate should then be an external replicate as an 
individual sample from another deployment. A test where an entire 
box core surface was subdivided into different subsamples, which 
were analysed separately, revealed no convincing results on which 
of the above-mentioned strategies should be preferred on a routine 
basis (Kuhnt et al., 2005).
SAMPLE PRESERVATION AND FIXATION
When a foraminiferal sample has been taken it cannot usually be 
examined immediately and thus needs to be stored for a certain 
time. During storage the original structure and composition of the 
foraminiferal assemblages should be preserved. The simplest way 
is the aquatic approach, which has been followed since the earli-
est days of foraminiferal studies. The sample is submerged under 
a few centimetres of seawater and kept under the ambient 
temperature in a refrigerator or thermobox. The sample vial is not 
sealed tightly in order to allow access for oxygen. This leads to 
evaporation and, therefore, the salinity has to be controlled regu-
larly and kept in the range of natural variability at the sampling 
site (Fontanier et al., 2008). A foraminiferal sample can be kept 
that way for months. However, it has to be noted that the natural 
setting of abiotic and biotic environmental factors cannot be main-
tained completely under laboratory conditions. In particular, the 
ambient pressure for assemblages from the deep sea and the natu-
ral food supply can hardly be simulated. This induces unexpected 
behaviour in certain species (Anderson et al., 1991) or even long-
term shifts in assemblage composition (Alve, 2010).
A very simple way of preservation is to freeze a sample imme-
diately on collection and to store it in a freezer. It is also possible 
to wash a sample right away with seawater through a sieve, to 
desalt the residue under tap water and to dry it. The residue can be 
kept for later analysis. Deep-sea samples were commonly preserved 
that way in the early days since the time of Egger (1893). However, 
this procedure does not enable specimens that were living at the 
time of sampling to be distinguished from empty tests. Only in very 
rare cases (for instance, foraminifera from the Dutch Wadden Sea; 
Hofker, 1977) was such recognition of living and dead specimens 
possible, based on dried samples.
The most common way of preservation is to add a chemical to 
the sample which terminates the metabolic and enzymatic activity 
of all organisms but does not damage or dissolve the foraminife-
ral tests. Since the nineteenth century, alcohol has been used to 
preserve foraminiferal samples. Ethanol of technical or analytical 
quality is generally used. Such alcohol of high concentration is 
now banned in several countries or charged with high taxes. 
Therefore, it is recommended that methanol or isopropanol are 
used instead of ethanol. It should be noted, however, that metha-
nol is toxic and the less toxic isopropanol is reported to dissolve 
foraminiferal protoplasm (Walker et al., 1974, p. 208).
For optimal sample preservation, an alcohol concentration of 
70% is recommended (Murray, 2006), but it is also widely used at 
high concentrations of more than 90% (e.g. Fontanier et al., 2008; 
Mojtahid et al., 2009; Schönfeld et al., 2011). Some micropalae-
ontologists first wash the sample on a mesh and then preserve the 
residue with alcohol. Others pour the alcohol directly onto the 
sediment sample and use it also as diluter or carrier for vital 
stains. It has to be noted, however, that the alcohol concentration 
should not be too high. Spirits of technical quality with 98% or 
even absolute alcohol induces osmotic pressure during mixing and 
leads to the collapse of organic cells, for instance from algae or 
bacteria. Soft-walled foraminifera and gromiids may also become 
damaged. This can be seen by eye when the sample becomes 
whitish for a while due to coagulating cell proteins and the sam-
ple vial gets warm. It is also conceivable that the collapse of food 
or water vacuoles in foraminiferal protoplasm and the fast dehy-
dration leads to a shrinking of the protoplasm and may cause an 
irregular staining pattern. In general, an addition of 1.5 times vol-
ume of alcohol with reference to the sample volume is recom-
mended (Lutze & Altenbach, 1991). The alcohol concentration in 
the blend is then 60% at maximum depending on the amount of 
pore water from the sediment. After preservation, the sample is to 
be shaken for at least one minute to ensure complete mixing 
(Lutze, 1964; Murray, 2006).
The security measures implemented after the attack on the 
World Trade Center, USA, in September 2001 and new transport 
safety rules drew the attention of Security and Customs to 
foraminiferal samples preserved with alcohol. According to the 
regulations, the samples are inflammable substances classified as 
dangerous goods if the flashpoint is above a temperature of 61°C. 
Dangerous goods have to be transported appropriately labelled, 
with declarations, and under specific conditions, which is costly 
and time consuming. They are generally excluded from commer-
cial airfreight and banned from the luggage of aircraft passengers. 
This can be circumvented if the flashpoint is kept under 61°C by 
using an alcohol concentration of less than 30.5% for transport, 
which can be achieved by dilution of three parts alcohol with 
seven parts water. Under such a concentration of 30%, the pre-
served foraminiferal samples can be dispatched without declaration 
as dangerous goods. However, the concentration should not be 
lower than 20% and the samples should be kept below 10°C 
to avoid infection with acetobacteria. After transport, the alcohol 
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concentrations should be raised to at least 50% if longer storage of 
the samples is intended (A. Altenbach, Munich, pers. comm. 2011).
When the protoplasm, cell organellae, or generally foraminifera 
living at the time of sampling are the focus of interest, a fixative is 
needed that preserves the protoplasm between the time of sample 
collection and subsequent analyses. Fixatives are added to washed 
sample residues or plankton samples and not to bulk surface sedi-
ments, which still contain the fine fraction. The most common fix-
ative is formaldehyde, which was introduced by marine biologists 
working with meiofauna and macro-organisms in the early twenti-
eth century. The application of formaldehyde concentrations 
ranging from 2–20% in seawater are reported but commonly a 
concentration of 4% is used. The volume of the formaldehyde 
solution added should be higher than ten times the sample volume. 
Minimum fixation times are 6–24 hours, depending on the size of 
the organisms. Pure formaldehyde solutions tend to become acidic 
with time through dissociation to formic acid. Therefore, the pH 
has to be kept in the basic range to avoid dissolution of calcareous 
tests. The formaldehyde–seawater solution is, therefore, buffered 
with hexamethylentetramine and adjusted to a pH of 8.0 to 8.5. 
After some weeks in formalin, the protoplasm becomes firm, 
which might impede a later impregnation with non-vital stains. It 
has to be noted that formalin is highly toxic, that gloves have to 
be worn during fixation and that the treatment has to be done in a 
well-ventilated place. Such safety requirements might be the rea-
son why only 2 of 45 studies (4%) published from 2008 to 2010 
used formaldehyde solution for fixation (Table 1). Thirty years ago 
about half of the studies (5 of 11, 45%) published from 1978 to 
1980 used formaldehyde for preservation and fixation (Table 2). 
Another fixative is glutaraldehyde. It was introduced in the 1960s 
and is especially suitable for preserving cellular ultrastructures. 
Glutaraldehyde is applied to specimens that are prepared for Trans-
mission Electron Microscopy or genetic analyses. Glutaraldehyde 
is applied in a concentration of 2.5% in seawater; it is moderately 
toxic and may cause eye and skin sensitization. Gloves and safety 
goggles have to be worn during fixation
STAINING
There is hardly any other methodological aspect of foraminiferal 
studies which has been under such long and controversial debate 
as staining and the secure recognition of specimens living at the 
time of collection. The pioneering studies on population struc-
tures, growth and reproduction, taphonomy and sedimentation of 
Elphidium species from Plymouth Sound, England by Myers (1942a, 
b) first addressed the need to identify specimens that were living at 
the time of sampling in their natural environment. The identification 
was first made through the natural colour of the protoplasm. Later, 
the tests of formaldehyde-fixed specimens were dissolved and bio-
logical stains were applied to the protoplasmic casts. The sensitivity 
of living foraminifera to biological stains has been known since 
Rhumbler (1935), who reported specimens in life positions that were 
stained with Eosin and Methylene Green. However, these methods 
were not widely used before the 1960s (e.g. Phleger, 1952), because 
field studies on the biology, ecology and distribution of Recent fora-
minifers were rare or had a taxonomic focus.
With the increase in surveys to create reference datasets for 
environmental, palaeoecological or evolutionary investigations, 
Walton (1952) provided a staining method to differentiate between 
living and non-living foraminifera. Living specimens were pre-fixed 
in a buffered solution of formaldehyde and then submerged in a 
solution of 1 gram rose Bengal per litre seawater for 10 minutes. 
Others reported staining times of 20 minutes up to 48 hours 
(Boltovskoy & Wright, 1976; Bernhard et al., 2006). Afterwards, 
the specimens were washed again on a sieve to remove the excess 
dye. Rose Bengal has a strong affinity to proteins, thus, after the 
treatment, the protoplasm is pink-coloured like a ripe raspberry. 
However, the pre-fixed protoplasm was too stiff and the internal 
foramens of the tests were often too narrow or plugged and thus 
did not facilitate a complete impregnation of the test infill with rose 
Bengal during the short staining period. This resulted in the fre-
quently observed feature that the final one or two chambers are 
well stained and the protoplasm in the earlier part of the test is still 
its natural colour (yellowish-brown or green). Bandy introduced to 
his research group and Lutze (1964) described a modification of the 
rose Bengal staining procedure. They suggested dissolving rose 
Bengal in the preserving agent at a concentration of 1 or 2 grams 
per litre alcohol, and directly applying it to the surface sediment 
sample. An optimal impregnation of the tests was accomplished 
after storage of 3 or 4 weeks. According to my experience with 
samples from tidal flats of the German Wadden Sea, one may still 
find specimens in the samples where the protoplasm of only the 
first chambers is stained after storage of ten days. After fourteen 
days, nearly all specimens are completely stained, which is there-
fore considered as the minimum impregnation time. The staining 
and preservation with rose Bengal ethanol solution became widely 
accepted not earlier than in the late 1990s.
The main caveats raised against rose Bengal staining are: that 
adherent bacteria or algae are also vividly stained, which mimics 
the staining of the foraminiferal protoplasm; that the colour and 
intensity of the staining varied among species causing a degree of 
subjectivity in the assessment of whether or not a specimen is liv-
ing; and, more importantly, that metabolically inactive or even 
decaying protoplasm of dead foraminifers is also stained (Walker 
et al., 1974; Bernhard, 2000). These points were discussed by 
Lutze & Altenbach (1991), who also again explained the rose 
Bengal staining method in detail and gave examples of species-
specific staining patterns and their possible reasons. None the 
less, other dyes have been tested, for instance Sudan Black B, 
which stains lipids and colours more living specimens than a ref-
erence array stained with rose Bengal according to Walton (1952) 
(Walker et al., 1974; Serrano et al., 2008). Alternatively, the con-
tent of nucleotide Adenosine Triphosphate (ATP), a substance 
which decays rapidly after the death of a living cell (DeLaca, 
1986), is determined. Comparative studies have demonstrated that 
rose Bengal may stain more tests than predicted by ATP analyses 
(Bernhard, 1988), but later investigations on deep-sea foraminifera 
reveal that ATP concentrations may vary strongly and specimens 
at low food levels have very low ATP concentrations (Linke 
et al., 1995). These are hardly distinguishable from a cluster of 
bacteria (Linke, 1989). Fluorogenic probes like fluorescein diace-
tate or CellTracker Green CMFDA require an epifluorescence 
microscope or spectrofluorimetric equipment. They are non-termi-
nal stains (i.e. they do not kill the organisms), but the analyses 
have to be made within hours after the sample was taken and the 
specimens were isolated (Bernhard et al., 1995; 2006). Fluorogenic 
probes or the novel application of MTT reduction (de Nooijer, 
2007) are, therefore, considered to be more suitable for experi-
mental than for field-based studies. Finally, the results obtained 
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Year Volume First author Preservation Stain
Washing 
(µm) Picking Fractionation
Subfractions 
(µm) Split
Fraction 
studied (µm) Other
Journal of Foraminiferal Research  
2008 38 (1) Martin 180 dry wet sieving 180, 250,  
300, 500, 833
180–500  
2008 38 (1) Arujo 62 dry quartered >62  
2008 38 (1) Fontanier rose 
Bengal
63 dry wet sieving 150 >150  
2008 38 (2) Lobegeier frozen rose 
Bengal
63 dry microsplitter >63  
2008 38 (2) Wilson 63 wet wet sieving 500 total sample 63–500  
2008 38 (2) Fontanier ethanol  
95%
rose 
Bengal
63 wet wet sieving 150 total sample 63–150,  
>150
 
2008 38 (3) Heinz ethanol rose 
Bengal
30 wet wet sieving 63, 125 1/2 63–125,  
>125
 
2008 38 (3) Scott 45 wet wet sieving 63 wet splitter 45–63, >63  
2008 38 (4) Gibson 63 dry wet sieving 125 63–125  
2008 38 (4) Van  
Hengstum
45 wet wet splitter >45  
2008 38 (4) Polovodova ethanol rose 
Bengal
63 dry wet sieving 2000 microsplitter 63–2000  
2008 38 (4) Ivanova ethanol  
80%
rose 
Bengal
100 dry microsplitter >100 distilled 
water
2009 39 (1) Langer dry  
2009 39 (1) Sweetman frozen 250 wet >250  
2009 39 (2) Altin 63 wet >63  
2009 39 (2) Takata ethanol  
70%
rose 
Bengal
63 dry >63  
2009 39 (3) Diz methanol rose 
Bengal
63 dry wet sieving 125, 250 microsplitter >63  
2009 39 (4) Debenay frozen rose 
Bengal
63 wet wet sieving 500 >63 flotation
2010 40 (1) Goldstein 63 wet >63  
2010 40 (1) Eichler ethanol  
30%
rose 
Bengal
62 dry microsplitter >62  
2010 40 (1) Debenay 63 wet and 
dry
>63  
2010 40 (2) Mateau rose 
Bengal
63 dry dry sieving 125, 250, 500, 
1000, 2000
125–500  
2010 40 (3) Williams 63 dry >63  
2010 40 (3) Mojtahid ethanol  
95%
rose 
Bengal
63 wet wet sieving 150 >150  
2010 40 (4) Dupuy 50 wet >50  
2010 40 (4) Frezza ethanol rose 
Bengal
63 dry wet sieving 125 microsplitter >125  
2010 40 (4) Wilson isopropyl  
70%
rose 
Bengal
63 dry dry sieving 125 total sample >125  
2010 40 (4) Pruitt ethanol rose 
Bengal
63 dry wet sieving 710 63–710 flotation
Journal of Micropalaeontology  
2008 27 (1) Wilson isopropyl  
70%
rose 
Bengal
63 dry dry sieving 125 total sample >125  
2009 28 (2) Polovodova ethanol rose 
Bengal
63 dry wet sieving 2000 microsplitter 63–2000  
2009 28 (2) Ohkawara formalin  
4%
rose 
Bengal
32 wet total sample >32  
2009 28 (2) Murray 63 dry >63  
Table 1. Methods applied in Recent benthic foraminiferal studies published from 2008 to 2010. 
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by the rose Bengal method were considered to be as reliable as 
those by other methods, provided rose Bengal is used in a cau-
tious way and critical manner (Murray & Bowser, 2000).
SAMPLE PROCESSING
The earliest foraminiferal studies applied a very different sample 
processing technique than we are using today. For instance, Egger 
(1899) explained that samples should be taken in the outcrop from 
the physically weathered C-level of the topsoil, at best from 
beneath tree roots. In a subsequent paper, he explained that deep-
sea samples have to be dried before processing (Egger, 1902). The 
samples were crumbled by hand, put into bottles and water added. 
The bottles were corked and heavily shaken. Then the suspension 
was carefully poured out, replaced by fresh water and the proce-
dure was repeated until the supernatant water was almost clear and 
a sand of fossils became visible on the bottom of the flask. The 
German term ‘Schlämmen’ (mudification) for washing a sample is 
probably derived from this procedure. The residue was transferred 
from the bottle to a porcelain dish, dried and the sample kept in 
corked glass vials, tin cans, cardboard boxes or paper envelopes.
Washing of foraminiferal samples through sieves became a 
common habit in the early part of the twentieth century. Heron-
Allen & Earland (1916) used a silk screen of 250 mesh, which is 
63 µm. Cushman (1922) washed the mud-rich samples from Dry 
Tortugas (Florida Keys) through an 80-mesh screen, which is 180 
µm. In his handbook on foraminifera, Cushman (1928) recom-
mended that samples should be washed through nested brass sieves 
with meshes of 40, 80 and 200 per inch, which corresponds to 425 
µm, 180 µm and 75 µm. However, in his study from 1941 on 
Caribbean deep sea cores, he preferred to wash the samples 
through a series of sieves made of bolting silk cloth, probably to 
avoid damaging delicate specimens. Indeed, bolting silk sieves are 
still in use today for the collection of specific planktonic organ-
isms from water samples because they are gentler on the organ-
isms than metal sieves (V. Bertics, Kiel, pers. comm. 2011). Myers 
(1942a) washed samples from Plymouth Sound through a plankton 
net of bolting silk with a mesh of 125 openings per inch, which is 
roughly 120 µm. Test sieves made of brass or stainless steel cloth 
with standard mesh sizes were invented in the 1920s, when the 
scales of size limits of clastic grains were defined according to 
their prevailing aqueous transport mode and mineralogy (Udden, 
1914; Wentworth, 1922; 1933). This was mainly an academic or 
sedimentological approach. The current ‘Wentwort–Lane scale’, 
with 1 mm as starting point and the ratio of 1/2 or 2 as diameter 
limits of size classes, was introduced with the ‘Report of the Lane 
Committee of the United States National Research Council’ in 
1947, and later adopted by DIN 4022, ISO 14688 and ASTM E11 
standards. Sand is thereby defined as the grain-size range from 
1/16 to 2 mm (63–2000 µm), even though the US Department of 
Agriculture still recommends separating ‘very fine sand’, ranging 
from 50–100 µm, probably with reference to loess deposits.
Micropalaeontologists regard their results in the context of the 
fossil record where an empty foraminiferal test is transported and 
deposited as a sand grain. Therefore, it is conceivable that the mesh 
size for washing a sample has been chosen according to the lower 
limit of the sand size range. Such sieves were readily available for 
Year Volume First author Preservation Stain
Washing 
(µm) Picking Fractionation
Subfractions 
(µm) Split
Fraction 
studied (µm) Other
Marine Micropaleontology  
2008 66 (2) Panieri frozen rose 
Bengal
63 dry microsplitter >63  
2008 66 (3) Diz methanol rose 
Bengal
63 dry wet sieving 125, 250 microsplitter >63, >125  
2008 68 (3) Renema dry sieving 125, 500 >500  
2008 69 (2) Berkeley ethanol  
30%
rose 
Bengal
63 wet 500 wet splitter 63–500 Na2CO3 
buffer
2008 69 (4) Bubenshikova ethanol  
70%
rose 
Bengal
63 dry dry sieving 125 >125  
2009 70 (1) Fatela ethanol rose 
Bengal
63 wet >63  
2009 70 (3) Mojtahid ethanol  
95%
rose 
Bengal
63 wet wet sieving 150 >63, >150  
2009 71 (1) Szarek methanol rose 
Bengal
63 dry dry sieving 150, 250, 1000 microsplitter >150  
2009 71 (1) Stanies-Uras ethanol rose 
Bengal
63 wet >63  
2009 72 (3) Ricketts rose 
Bengal
63 wet sieving 150 >150  
2009 73 (3) Berkeley ethanol  
30%
rose 
Bengal
Na2CO3 
buffer
2009 73 (3) Milker ethanol  
96%
rose 
Bengal
63 dry dry sieving 125 microsplitter >125  
2010 76 (3) Schumacher formalin  
10%
rose 
Bengal
63 wet sieving 150, 300 63–150, >150  
Table 1. (Continued)
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purchase from the laboratory supplier and they were also used by 
the sedimentologists or engineering geologists in the department. 
From the 1940s to 1970s, however, many micropalaeontologists 
washed their samples through sieves with 100 µm mesh size. There 
is one note in the literature that a 63 µm mesh was tried as well, 
but the results were the same and no real advantage is recognized 
(Lutze, 1960, p. 413). None the less, the 63 µm size has been 
established during subsequent years as the appropriate mesh to 
wash a foraminiferal sample. For instance, 33 of 45 (73%) studies 
of Recent benthic foraminifera that were published in 2008 to 2010 
in the Journal of Micropalaeontology, Journal of Foraminiferal 
Research and Marine Micropaleontology used sieves with a 63 or 
62 µm mesh to wash the samples (Table 1). It has to be noted, 
however, that the smallest juvenile foraminifera have a size of 
about 20 µm in diameter (Hallock, 1985; Alve & Goldstein, 2003). 
On a 63 µm mesh, only discoidal tests of more than 80 µm in 
diameter will remain; smaller individuals will be washed through. 
This may lead to a substantial loss of the foraminiferal inventory 
during sample processing, in particular when reproduction events 
are to be constrained (Schönfeld & Numberger, 2007).
SAMPLE PREPARATION AND ANALYSIS
Size fractions
Foraminiferal faunas are often analysed from a size fraction larger 
than 63 µm. This size fraction is separated from the sample residue 
after washing and drying with a test sieve of the required mesh 
size, for instance 125 µm. However, many publications report that 
these larger size fractions were obtained during sample processing 
in that the sample is washed through a series of nested sieves with 
a 63 µm mesh at the bottom. In particular, 18 of 26 (69%) studies 
of Recent benthic foraminifera published in 2008 to 2010 in 
Journal of Micropalaeontology, Journal of Foraminiferal Research 
and Marine Micropaleontology applied wet sieving to fractionate 
the sample residues (Table 1). It has to be noted, that 6 of these 26 
studies used wet sieving to remove only large particles like peb-
bles, shells or organic detritus from the samples, which otherwise 
could damage fragile foraminiferal tests during subsequent sample 
processing. This procedure was not intended as fractionation for 
faunal analyses. In any case, wet sieving may invariably retain 
grains from smaller size fractions, for instance coarse silt (e.g. De 
Santis & Barrett, 1998). The shape of the grains also induces a cer-
tain bias, as they may behave differently in water. Faunal data 
from samples that were fractionated by wet sieving are, therefore, 
comparable only with limitations to the results from dry sieved 
samples. This may also affect the faunal inventory.
A long-lasting debate is still ongoing about which grain size is 
appropriate for Recent foraminiferal studies. From a practical point 
of view the sieve should separate unwanted mineral grains or bio-
clasts from the foraminiferal tests as far as possible (Schröder 
et al., 1987). Slightly less than half of the recent investigations 
focused on the >100 µm, >125 µm, >150 µm, >180 µm, >250 µm 
or >500 µm fractions. The most frequently used size fractions 
were >125 µm, which was examined in 9 of the above-mentioned 
20 studies from 2008 to 2010, and >150 µm in 7 of 20 studies 
(Table 1). Larger size fractions were considered in only two stud-
ies. None the less, eight studies considered a smaller subfraction 
also, for instance >150 µm and 63–150 µm, in order to make the 
results comparable to previous studies. The smaller subfraction 
was often considered in a limited number of samples only 
(Fontanier et al., 2006). The reasons for the choice of larger size 
fractions were either to facilitate microscopic work (e.g. Diz & 
Francés, 2008), to concentrate the particular species or groups of 
interest (e.g. Van Hengstum et al., 2008), to reduce the time and 
effort of picking (e.g. Fontanier et al., 2008) or to keep the data 
Year Volume
First  
author Preservation Stain
Washing 
(µm) Picking Fractionation
Subfractions 
(µm) Split
Fraction 
studied (µm) Other
Journal of Foraminiferal Research  
1978  8 (1) Lohmann >250 disaggregated 
core top 
samples
1978  8 (2) Phleger weak  
formalin
rose  
Bengal
 
1978  8 (3) Thompson ethanol 70% rose  
Bengal
dry wet sieving 1000 microsplitter flotation
1978  8 (3) Otvos 71 dry >71 flotation
1979  9 (2) Bates formalin 5% ATP
1979  9 (2) Steineck formalin rose  
Bengal
63 wet >63  
1979  9 (3) Murray ethanol rose  
Bengal
63 dry microsplitter >63 flotation
1979  9 (3) Ostermann 62 dry dry sieving >149 >149 dried before
1980 10 (1) Collison formalin 4% rose  
Bengal
wet  
1980 10 (3) Scott formalin 10% rose  
Bengal
63 wet 500 microsplitter >63, >500 flotation
Marine Micropaleontology  
1980  5 Belanger 63 dry dry 150 microsplitter >150 dried before
Table 2. Methods applied in Recent benthic foraminiferal studies published from 1978 to 1980.
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comparable with previous studies (e.g. Schönfeld, 2001). The latter 
reason includes earlier studies by the author, his working group or 
school, or a study from other authors and areas which followed the 
same scientific objectives.
Scientific reasons to use a certain size fraction are rarely 
explained in the literature. For instance Lohmann (1978) stated as 
the reason for his choice of the size fraction >250 µm as not to 
comprehensively document the benthic foraminiferal distribution 
but rather to identify indicator species for environmental parame-
ters, i.e. water mass distributions. This could be achieved readily 
with the larger size fraction, which also offers the advantages that 
the species are easier to identify and that the faunal analysis takes 
only a fifth of the time as that for the >150 µm fraction. In stud-
ies from the Western African and Portuguese Margin, Lutze et al. 
(1979) and Schönfeld & Zahn (2000) demonstrated that this frac-
tion efficiently eliminates re-deposited tests of small shelf and 
upper slope species that were displaced by downslope transport 
and may confer a considerable bias on the dead and fossil assem-
blages. As studies of the living fauna were intended to develop 
foraminiferal proxies to be applied to sediment cores, the living 
fauna was analysed in the >250 µm fraction too (Lutze & 
Coulbourn, 1984; Schönfeld, 1997; 2002a, b). A comparison of 
samples where the benthic fauna of the size fractions >63 µm and 
>250 µm was analysed revealed that, on average, 18% of the liv-
ing specimens >63 µm were recorded in the larger size fraction 
(Timm, 1992; Schönfeld et al., 2011). Only 21% of the species 
recorded in the 63–250 µm subfraction were also found in the 
>250 µm fraction (Appendix A). The majority of species in this 
fraction are rare or comparatively large in test size. As such, the 
analyses focused on a very different part of the faunal assem-
blage, though with a similar Fisher’s alpha diversity index.
The fraction >150 µm was introduced for planktonic foraminif-
eral studies. Bé (1959, p. 84) found it difficult to identify with 
certainty juvenile specimens of less than 150 µm in size. Finally 
the CLIMAP group recommended the use of the >149 µm size 
fraction as a standard in palaeoceanographic studies using plank-
tonic foraminifera (CLIMAP, 1981; 1984; Kellogg, 1984). Even 
though the entire inventory and faunal dynamics are not captured 
by this size fraction (Bauch, 1994; Kandiano & Bauch, 2002; 
Smart, 2002), this standard has none the less made it possible to 
create global maps of Ice Age ocean surface temperatures where 
many different groups contributed data (GLAMAP 2000 project, 
Sarnthein et al., 2003). It is conceivable that benthic foraminiferal 
specialists applied this size fraction following colleagues working 
with the planktonic foraminifera because they recognized it as 
being very effective, a possibility that has been mentioned by 
Parker (1954, p. 457). Census data from samples where the size 
fractions >63 µm and >150 µm were analysed revealed that, on 
average, 27% of living specimens in the deep sea and 11% in 
shallow waters would be captured if only the larger size fraction 
was examined (Fontanier et al., 2006; 2008; Mojtahid et al., 
2009) (Appendix A). Only 47% of the deep-sea and 61% of the 
shallow-water species were recorded in the >150 µm fraction as 
compared to the >63 µm fraction. A considerable loss in diversity 
is also recognized as the Fisher’s alpha index was lower by 5.2, 
on average, in the >150 µm fraction.
The use of the size fraction >125 µm was recommended by 
Hermelin (1986), who found it difficult to identify smaller, juve-
nile specimens in the 63–125 µm fraction because they lack many 
features of adult forms. This approach was rejected by Ohkushi 
et al. (2000) because smaller phytodetritus feeders, which occa-
sionally dominate the faunal assemblages, are also excluded. A 
detailed comparison of the >150 µm, >125 µm and >63 µm size 
fractions likewise showed the loss of environmentally sensitive 
species, for instance Eponides pusillus Parr, 1950 or Adercotryma 
glomeratum (Brady, 1878), when considering only the larger size 
fractions (Schröder et al., 1987). Separation with a 125 µm sieve 
was recommended but preference was given to the >63 µm frac-
tion for palaeoceanographic studies with benthic foraminifera. The 
same effects were recognized in a comparison of >125 µm and 
>250 µm size fractions (Van Marle, 1988). Many environmentally 
indicative taxa, for instance Bolivina and Epistominella species, 
were found only in the smaller size fraction and thus their infor-
mation would be lost when the fraction >250 µm is analysed. 
However, there are more recent data available for a detailed com-
parison of the size fractions >63 µm and >125 µm (Kurbjeweit 
et al., 2000; Heinz et al., 2008; Alve, 2010) (Appendix A). In the 
>125 µm fraction, on average 51% of the living specimens are 
captured and 72% of the species inventory are recorded as com-
pared to the >63 µm fraction. The Fisher’s alpha index was lower, 
on average, by 2.9 in the >125 µm fraction than in the >63 µm 
fraction in that the diversity loss was very small.
Flotation
A technique used to concentrate foraminiferal tests from quartz-
rich sample residues is flotation in liquids of high density or vis-
cosity. Oil, bromoform, carbon tetrachloride, trichlorethylene or a 
saturated solution of sodiummetatungstate have been used (e.g. 
Franke, 1930; Haake, 1962; Musterman & Kersthold, 1996). A dry 
sample residue is gently tipped into the liquid, the mineral grains 
sink to the bottom, and the foraminiferal tests and organic particles 
remain floating on the surface or are kept in suspension. Parallel 
examinations of concentrate and residue revealed a recovery rate 
of 93% of all foraminiferal tests (Lutze, 1968). However, this 
method is not applicable for species living attached to larger parti-
cles. Heavy arenaceous tests, for instance of Reophax species, also 
tend to sink down. A more serious problem is the open handling 
of the separation liquid as most of them are harmful and toxic sub-
stances. With reference to laboratory safety and long-term health 
effects they should be avoided. Flotation was applied in only 2 of 
45 (4%) studies published in 2008 to 2010, while it was used in 4 
of 11 (36%) studies published between 1978 and 1980.
Splitting
Before a sample is quantitatively analysed, it often has to be 
reduced to a practical size. This sample part should contain a suf-
ficient number of specimens to allow an assessment of species 
proportions and diversity indices with the required accuracy. A 
total number of 200–300 specimens is deemed to meet these 
requirements in most studies, though a lower number might be 
sufficient in low-diversity assemblages (Dryden, 1931; Patterson 
& Fishbein, 1989; Fatela & Taborda, 2002). It has to be noted 
that splitting artificially reduces the sample size and thus the 
probability of encountering species with a low population density 
or specific microhabitat preferences (Dennison & Hay, 1967). Dry 
sample residues can subdivided with a microsplitter as invented 
by Otto (1933) for heavy mineral samples (Fig. 1). The use of 
this device in benthic foraminiferal studies was first mentioned by 
J. Schönfeld
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Bandy (1961). The accuracy of species composition in subsamples 
made by an Otto splitter was documented by Guptill et al. (1976, 
table 1). They compared the planktonic foraminiferal assemblage 
composition of 1/8 split with 682 specimens with the composition 
of the total sample with 5104 individuals which were counted 
before splitting. The differences in species proportions between 
the split and the total sample varied between 0.02% and 3.81% 
and were, on average, 0.64%. The bias was considered to depend 
on shape and size differences among the individual species. 
However, the absolute number of 682 specimens in this 1/8 split 
inferred that the subsample was larger by 6.9% than the expected 
amount that should contain 638 tests only. Others noted that the 
number of individuals in subsamples made by an Otto splitter 
may even vary by 10–20% with reference to the expected values 
(Scott & Hermelin, 1993). A careful handling of the splitter can 
reduce the differences to between 1% and 3% (W. Kuhnt, Kiel, 
pers. comm. 2011). This has consequences for the calculation of 
abundances or population densities. It has to be emphasized that 
such estimates can be accurate only if the splits were weighed 
before foraminiferal analyses (e.g. Caruso et al., 2011).
Foraminiferal assemblages from salt marshes, estuaries or 
deep-sea canyons frequently contain delicate or organic-walled 
species. They collapse and cannot be identified with certainty 
once they are dried. Such samples have to be processed, prepared 
and analysed in a wet stage. In order to split such samples to a 
manageable size, an adapted plankton or wet splitter has been 
employed (e.g. Motoda, 1959; Scott & Hermelin, 1993). The 
accuracy of such devices is in the range of 5–30% (Van Guelpen 
et al., 1982; Tennant & Baker, 1992). However, as sorting and 
fractionation is a common feature in suspensions of sand-sized 
particles, the operation of a wet splitter requires a high level of 
practice in order to obtain representative and accurate subsamples.
Faunal analyses
Since the pioneering work of Bandy et al. (1964a, b), most studies 
on Recent benthic foraminifera have followed a quantitative 
approach in that the species composition of the assemblages and 
their population densities or absolute abundances are assessed. The 
latter refers to the total number of individuals that were living at 
the time of sampling or the empty tests to a unit volume or sample 
weight, for instance 10 cm3 or 1 g of dry sediment. The unit vol-
ume was introduced by Phleger et al. (1953). Phleger stated that 
he had considered samples taken by such a variety of devices for 
his Gulf of Mexico studies that the abundances of species have to 
be referred to a common standard. He preferred 10 cm3, ideally the 
topmost 2 cm of his Phleger (1951) corer with a tube of 2.5 cm 
inner diameter. At present, many near-shore studies keep with 
Phleger’s concept and refer to the population density as number of 
living individuals per sample volume of 10 cm3. Commonly, a 
tube of 3.6 cm inner diameter is used and the uppermost 1 cm is 
taken to facilitate a standard volume of 10 cm3 (Scott & Medioli, 
1980). Deep-sea studies often use 50 cm3 as reference. This corre-
sponds to a 1 cm slice from a tube of 8 cm inner diameter.
Faunal analyses, in particular examination and picking, are not 
only pure microscopic work but also involve different techniques. 
In the 1960 and 1970s, it was a common habit only to count. The 
foraminiferal specimens in the sample residue were recognized by 
eye, determined from personal memory if the observer was familiar 
with the species present, and counted. A grid of white or brass lines 
on the bottom of the microscope picking tray facilitates the orienta-
tion at high magnifications and helps to ensure that a particular 
specimen is not counted twice. The census was recorded with a 
tally sheet, numerical keyboard or dictaphone. The counted split 
was archived in a separate glass vial, or it was poured back into the 
sample residue. The background idea was that the split itself was 
representative and repeatable. Any other observer would obtain the 
same data with negligible errors if the person counted the same 
split again. In reality, such replicate analyses were rarely carried 
out and, if so, they were not reported in the literature. Many micro-
palaeontologists regard the distribution of specimens in the sample 
split and also on the picking tray as even and homogeneous (e.g. 
Drooger & Kaasschieter, 1958; Weiss, 2011), which, in fact, is not 
the case (Boltovskoy & Wright, 1976, p. 335). Many workers have 
terminated the census when the required minimum number of spec-
imens was achieved, leaving parts of the sample unregarded (e.g. 
Seiglie, 1966). Only publications where it is explicitly stated that 
the entire sample or split was analysed are considered to meet the 
precondition of quantitative faunal analyses.
In order to improve the reliability of pure counting, a repre-
sentative or ‘typical’ specimen of each species was selected and 
mounted individually in a designated square of a Plummer cell 
slide (Fig. 1). This is also applied to as yet unidentified speci-
mens, which thereafter are recorded in open nomenclature by the 
number of the square, where the example specimen was placed, 
for instance ‘Reophax sp. 19’. Such reference slides were even for 
sale from commercial laboratory suppliers. Other micropalaeon-
tologists count while picking and keep the whole assemblage for 
reference in a single cell slide. The taxonomic concept, at least of 
the most frequent species, is documented with additional speci-
mens that were taken from a separate part of the sample and 
mounted by species in single cell slides.
The late 1980s saw a merger of the picking and counting 
schemes. The foraminifera were first picked quantitatively from the 
whole sample residue or a split. Then the whole assemblage was 
sorted by species in Plummer cell slides, fixed with glue and 
counted. This procedure is rather time consuming, but it offers the 
advantage that both the taxonomic concept and the census are doc-
umented. It even facilitates revision and offers the opportunity to 
correct misidentifications. However, it has to be emphasized that 
this development did not happen simultaneously world-wide, and it 
is not accomplished to date. Some schools still count, other groups 
have mounted Plummer cell slides from each sample since the early 
days (e.g. Cushman, 1941, p. 130). The recent literature reveals that 
most of these picking or counting schemes are still in practice.
CONCLUDING REMARKS
Studies of Recent benthic foraminifera are numerous and go back 
to the mid-eighteenth century. They provide a valuable and still 
growing dataset on the distribution of modern benthic foraminif-
era. Sampling strategies and techniques, as well as laboratory pro-
tocols and faunal analysis methods were largely different in past 
decades compared with those of today. Despite that, many scien-
tists are inclined to refer to the results of early studies as reference 
points or benchmarks for an early industrial or pre-global warm-
ing state of the foraminiferal assemblages disregarding the low 
geographical, hypsographic or seasonal representativeness. They 
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should be considered as supplementary information rather than as 
indicators of true baseline conditions. Furthermore, only data on 
foraminifera that were living at the time of sampling rather than 
empty tests should be considered for any sort of baseline study.
Multiple corer, box corer and grab samplers may take accurate 
surface sediment samples provided that their design minimizes the 
bow wave when the device touches the seabed. The majority of 
disturbances are created, however, when the unit is placed on 
deck, the tubes or boxes are dismounted, and the sample is taken. 
Appropriate training of the staff before the research cruise, discus-
sions and adaptations of sampling schemes according to the find-
ings will significantly improve the data quality and thus the 
success of a sampling campaign.
Ethanol for sample preservation and rose Bengal as a vital 
stain are now widely accepted and simple to apply in Recent 
foraminiferal studies. With reference to already established safety 
regulations, an alcohol concentration of 30% should be aimed for 
as the sample preservative blend, at least for the transport period. 
A mesh size of 63 µm is now widely used for sieves to wash 
the samples, and it will certainly become a common standard in 
the near future. The restriction of the faunal analyses to a larger 
grain-size fraction to separate unwanted mineral grains, small 
planktonic foraminifera or re-deposited specimens from the 
foraminiferal tests of interest might be necessary under certain 
circumstances. The size fractions >125 µm and >150 µm are most 
commonly used today. However, the application of a larger size 
fraction induces a significant reduction in the number of living 
specimens and species richness. These losses in faunal inventory 
and diversity are lowest in the >125 µm fraction.
There is a much lower level of common practice in faunal 
analyses today than in field sampling or laboratory procedures. In 
general, a growing number of studies apply quantitative methods 
and acquire independently revisable census data. More taxonomic 
and methodological studies are necessary to further establish 
quantitative concepts in Recent benthic foraminiferal studies.
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APPENDIX A: COMPARISONS BETWEEN DIFFERENT GRAIN-SIZE FRACTIONS
Station no.
Population  
density  
>63 µm  
(#/50 cm3)
Population  
density  
>125 µm 
 (#/50 cm3)
Fisher’s  
alpha 
>63 µm
Fisher’s  
alpha 
>125 µm
Difference 
in Fisher’s  
alpha
Species  
>125 µm  
(% of >63 µm)
Specimens  
>125 µm  
(% of >63 µm) Source
St. 9, 0–5 cm 290 143 16.2 13.3 2.9 72.5 49.4 a
St. 31, 0–5 cm 129 87 21.6 19.0 2.5 81.2 67.3 a
St. 41-2, 0–5 cm 120 69 21.8 17.5 4.3 72.1 57.4 a
St. 65, 0–5 cm 240 110 14.3 10.0 4.2 63.3 45.8 a
St. 76-2, 0–5 cm 227 125 25.4 22.4 3.0 76.9 54.9 a
St. 81-2, 0–5 cm 199 99 16.9 13.6 3.3 70.8 49.9 a
St. 87, 0–5 cm 253 127 17.5 12.5 5.0 66.3 50.0 a
2002 134 59 11.4 6.5 4.9 54.2 43.7 b
2004 85 21 7.6 4.7 2.9 51.3 24.8 b
M33/1MC-3, 0–1 cm 80 40 12.8 9.8 3.1 65.8 50.0 c
M33/1MC-13, 0–1 cm 440 285 18.2 16.1 2.1 82.3 64.8 c
M33/1MC-15, 0–1 cm 520 455 15.7 14.9 0.8 93.2 87.5 c
M33/1MC-19, 0–1 cm 175 75 10.7 8.7 2.0 70.7 42.9 c
M33/1MC-25, 0–1 cm 45 25 11.0 8.9 2.2 71.4 55.6 c
M33/1MC-30, 0–1 cm 40 15 5.8 5.7 0.1 80.0 37.5 c
Mean value 2.9 71.5 52.1  
Source: a – calculated from unpublished background census data of Heinz et al. (2008) provided by Petra Heinz, Tübingen; b –: calculated from  
Alve (2010, table 1) by using a sample volume of c. 754 cm3 (p. 69); c – calculated from background data set of Kurbjeweit et al. (2000,  
http://doi.pangaea.de/10.1594/PANGAEA.735187?format=zip).
Table A1. Comparison of population densities, Fisher’s Alpha index and faunal inventory between >63 µm and >125 µm grain-size fractions.
Station no.  
(shallow water)
Population  
density  
>63 µm  
(#/50 cm3)
Population  
density  
>150 µm  
(#/50 cm3)
Fisher’s  
alpha 
>63 µm
Fisher’s  
alpha 
>150 µm
Difference  
in Fisher’s  
alpha
Species  
>150 µm  
(% of >63 µm)
Specimens  
>150 µm  
(% of >63µm) Source
St1 (A), 0–1 cm 618   5 4.9 6.4 −1.4 26.7 0.7 d
St2, 0–1 cm 3159 120 4.0 3.0 1.0 46.9 3.8 d
St3 (B), 0–1 cm 1629 339 3.4 2.0 1.3 52.0 20.8 d
St4 (K), 0–1 cm 3499  77 4.0 3.4 0.6 46.9 2.2 d
St5 (L), 0–1 cm 2374  96 4.2 3.8 0.4 53.1 4.1 d
St6, 0–1 cm 3182 228 4.5 3.0 1.4 48.6 7.2 d
St7, 0–1 cm 1641 135 4.8 4.2 0.6 58.8 8.2 d
St8, 0–1 cm 3203 169 3.3 3.3 0.1 63.0 5.3 d
St9, 0–1 cm 1634  61 5.1 5.4 −0.3 55.6 3.7 d
St10, 0–1 cm 2179 669 6.7 7.1 −0.4 87.2 30.7 d
St11, 0–1 cm 2162 207 5.2 3.6 1.6 50.0 9.6 d
St12, 0–1 cm 5295 373 5.7 5.9 −0.2 69.6 7.1 d
St13 (C), 0–1 cm 3376 147 4.3 4.4 −0.1 61.8 4.4 d
St14 (H), 0–1 cm 5612 485 5.9 6.0 −0.1 70.8 8.6 d
St15, 0–1 cm 2725 296 6.0 5.5 0.4 65.9 10.9 d
St16, 0–1 cm 1150 146 7.6 7.3 0.4 64.6 12.7 d
St17 (D), 0–1 cm 2629 218 5.8 5.2 0.6 60.5 8.3 d
St18, 0–1 cm 2377 402 5.9 4.3 1.6 58.1 16.9 d
St19 (I), 0–1 cm 2485 449 6.8 6.8 0.1 75.5 18.1 d
St20, 0–1 cm 1586 457 7.2 6.3 0.9 72.9 28.8 d
St22 (E), 0–1 cm 1181 247 8.0 7.0 0.9 68.0 20.9 d
Table A2. Comparison of population densities, Fisher’s Alpha index and faunal inventory between >63 µm and >150 µm grain-size fractions.
Methods in Recent benthic foraminiferal studies
71
Station no.  
(shallow water)
Population  
density  
>63 µm  
(#/50 cm3)
Population  
density  
>150 µm  
(#/50 cm3)
Fisher’s  
alpha 
>63 µm
Fisher’s  
alpha 
>150 µm
Difference  
in Fisher’s  
alpha
Species  
>150 µm  
(% of >63 µm)
Specimens  
>150 µm  
(% of >63µm) Source
St23, 0–1 cm 2277 355  6.9  6.2 0.7 67.3 15.6 d
St24, 0–1 cm 2808 398  7.2  7.0 0.2 71.2 14.2 d
Mean value 0.5 60.6 11.4  
OB1a, 0–0.5 cm 1708 158 12.9 11.9 1.1 47.5 9.3 e
OB2A, 0–0.5 CM 1276 118 13.5  8.3 5.2 35.1 9.2 e
OB3A, 0–0.5 CM 1171 206 16.4  8.6 7.8 38.5 17.6 e
OB4A, 0–0.5 CM  800 129 11.4  5.6 5.9 35.6 16.1 e
OB5A, 0–0.5 CM  931 175 13.2  7.2 6.0 40.4 18.8 e
OB6A, 0–0.5 CM  246 114 11.4  6.5 4.9 53.1 46.3 e
OB7A, 0–0.5 CM  315 119  9.7  5.3 4.5 48.4 37.9 e
OB9A, 0–0.5 CM 1188 350 15.4  9.7 5.6 51.6 29.5 e
OB10A, 0–0.5 CM  547 247 13.5  7.5 6.0 52.2 45.2 e
OB11A, 0–0.5 CM 1690 467 14.4  8.3 6.1 48.4 27.6 e
CAMT-5, 0–1 CM  610 229 21.0 17.4 3.7 65.8 37.6 f
MEAN VALUE 5.2 47.0 26.8  
Source: d – calculated from Mojtahid et al. (2009, Appendix A, supplementary data); e – calculated from unpublished background census data  
of Fontanier et al. (2006) provided by Christophe Fontanier, Angers;. f – calculated from Fontanier et al. (2008, Appendix II and III,  
http://www.cushmanfoundation.org/jfr/index.html, JFR Article Data Repository Item No. JFR DR200803).
Table A2. (Continued)
Station no.
Population 
density  
>63 µm  
(#/50 cm3)
Population 
density  
>250 µm  
(#/50 cm3)
Fisher’s  
alpha 
>63 µm
Fisher’s  
alpha 
>250 µm
Difference  
in Fisher’s  
alpha
Species  
co-occurring  
in >250 µm  
(% of >63 µm)
Specimens  
>250 µm  
(% of >63 µm) Source
16763 759 182 — — — — 24.0 g
16764 1161 279 — — — — 24.0 g
16778 628 76 — — — — 12.0 g
16780 375 47 — — — — 12.4 g
16781 685 100 — — — — 14.6 g
16787 1154 48 — — — — 4.2 g
16788 1023 163 — — — — 15.9 g
16795 575 65 — — — — 11.3 g
16796 450 52 — — — — 11.6 g
16797 222 56 — — — — 25.1 g
16798 384 69 — — — — 17.8 g
16799 311 52 — — — — 16.7 g
16800 880 160 — — — — 18.2 g
16802 832 201 — — — — 24.2 g
16803 975 126 — — — — 12.9 g
16804 295 50 — — — — 16.8 g
16805 474 115 — — — — 24.3 g
16806 770 116 — — — — 15.1 g
16807 237 56 — — — — 23.4 g
16808 292 64 — — — — 21.8 g
16809 819 123 — — — — 15.0 g
16814 3189 187 — — — — 5.9 g
16815 1926 280 — — — — 14.5 g
16817 562 124 — — — — 22.1 g
16818 2142 244 — — — — 11.4 g
 Table A3. Comparison of population densities, Fisher’s Alpha index and faunal inventory between >63 µm and >250 µm grain-size fractions.
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Station no.
Population 
density  
>63 µm  
(#/50 cm3)
Population 
density  
>250 µm  
(#/50 cm3)
Fisher’s  
alpha 
>63 µm
Fisher’s  
alpha 
>250 µm
Difference  
in Fisher’s  
alpha
Species  
co-occurring  
in >250 µm  
(% of >63 µm)
Specimens  
>250 µm  
(% of >63 µm) Source
16819 638 82 — — — — 12.9 g
16825 767 90 — — — — 11.7 g
16831 2077 330 — — — — 15.9 g
16832 1296 222 — — — — 17.1 g
16833 497 117 — — — — 23.5 g
16835 460 121 — — — — 26.2 g
16836 658 153 — — — — 23.3 g
16837 355 51 — — — — 14.4 g
16838 576 117 — — — — 20.2 g
16843 4726 669 — — — — 14.2 g
16844 2715 292 — — — — 10.8 g
16845 1613 119 — — — — 7.4 g
16846 529 125 — — — — 23.6 g
16852 1052 153 — — — — 14.6 g
16853 909 161 — — — — 17.7 g
16854 379 92 — — — — 24.3 g
16855 488 130 — — — — 26.7 g
16856 390 95 — — — — 24.2 g
16862 614 69 — — — — 11.2 g
16863 462 77 — — — — 16.6 g
16864 763 91 — — — — 11.9 g
16865 570 106 — — — — 18.5 g
16866 246 37 — — — — 15.0 g
GeoB9205-1 281 157 12.5 11.9  0.6 27.3 55.8 h
GeoB9206-1 329 53  9.6 10.9 −1.3 15.0 16.1 h
Mean value −0.4 21.1 17.8  
Source: g – Timm (1992, Appendix table 7); h – calculated from unpublished census data of Schönfeld et al. (2011).
Table A3. (Continued)
